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Base flipping is the movement of a DNA base from an intrahelical, base-stacked position to an
extrahelical, solvent-exposed position. As there are favorable interactions for an intrahelical base, both
hydrogen bonding and base stacking, base flipping is expected to be energetically prohibitive for an
undamaged DNA duplex. For damaged DNA bases, however, the energetic cost of base flipping may be
considerably lower. Using a selective, non-covalent assay for base flipping, the sequence dependence of
base flipping in DNA sequences containing an abasic site has been studied. The dissociation constants
of the zinc–cyclen complex to small molecules and single strands of DNA as well as the equilibrium
constants for base flipping have been determined for these sequences. Molecular dynamics simulations
of the zinc-cyclen complex bound to both single- and double-stranded DNA have been performed in an
attempt to rationalize the differences in the dissociation constants obtained for the two systems. The
results are compared to previous studies of base flipping in DNA containing an abasic site.

Introduction

The double helical structure of DNA, first proposed by Watson
and Crick, is characterized by the hydrogen bonding of purine–
pyrimidine base pairs, adenine with thymine and guanine with
cytosine, and the stacking of adjacent bases.1 Even while main-
taining optimal geometry, the structure of DNA is quite dynamic.
In addition, there are also dynamic processes that interrupt
hydrogen bonding and/or base stacking, one example being base
flipping. Base flipping is the rotation of one or more bases from
the intrahelical, hydrogen-bonded, base-stacked position to an
extrahelical, solvent-exposed position. The increased accessibility
of flipped-out bases to solvent, other small molecules and proteins
makes it no surprise that most DNA base modification and
repair enzymes require base flipping. Examples include the crystal
structures of the DNA–enzyme complexes of M. HaeI, M. HaeIII,
hOGG1, T4 endonuclease and CPD photolyase, all of which
include one or more bases that have undergone base flipping.2

Since base flipping requires the breaking of hydrogen bonds
and the loss of base-stacking interactions, it is expected to be
energetically costly.

Dornberger et al. have studied the spontaneous flipping of DNA
bases using imino proton exchange and NMR detection.3 Using
these methods, the equilibrium constant for a guanine base in a
GCGC tetramer was found to be 3.3 × 10−7, which corresponds to
a free energy difference of ∼9 kcal mol−1. Using potential of mean
force calculations, base flipping of non-damaged DNA bases has
been studied computationally.4 The free energy required for base
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flipping of a cytosine base in a GCGC containing sequence, which
is recognized by the enzyme M.HhaI, was found to be ∼15 kcal
mol−1.5 Other studies have estimated the energy required for a
base to undergo base flipping to be between 13 and 23 kcal mol−1,
depending upon both the identity of the base and the base flipping
pathway.6

The most commonly used method to detect base flipping of
DNA bases is the incorporation of 2-aminopurine (2-ap) into the
DNA sequence of interest. The fluorescent base 2-ap is quenched
when in an intrahelical, base-stacked position, but the fluorescence
increases and shifts when in an extrahelical, flipped-out position.7

The ease of detection the base flipping of 2-ap has made this an
attractive method which has been used to detect both spontaneous
base flipping as well as the base flipping into DNA modification
and repair enzymes. As with any method, the use of 2-ap to detect
base flipping is not without limitations. As 2-ap is not a native
DNA base, native DNA cannot be used and any study relies on
the synthesis of the 2-ap analog of the sequence in question. This
requires an effort in both time and synthesis. Furthermore, the
DNA structure may be perturbed upon its inclusion in the duplex.
Finally, the closest related native DNA base is adenine, but 2-ap is
not able to mimic this base, nor other damaged bases which may
be the subject of DNA–enzyme binding studies.

In a previous report, we demonstrated the use of a new, non-
covalent assay that is simply added to native DNA to detect
base flipping in free solution, as summarized in Fig. 1.8 This
assay exploits the selective binding of zinc-cyclen complexes to
deprotonated, anionic pyrimidine bases.9 When conjugated to a
solvatochromic dye, in our case the widely used dansyl group as
shown in Fig. 2, the change in environment from bulk solution to
DNA-bound is detected as a change in fluorescence. The dansyl-
cyclen reporter group was used to detect base flipping in a DNA
sequence containing an abasic unit across from a thymine base,
which has been previously shown to induce base flipping using
time-resolved fluorescence.10
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Fig. 1 Schematic representation of the base flipping assay.

Fig. 2 Fluorescent reporter and binding unit used in base flipping assay,
dansyl-cyclen.

Base flipping of DNA sequences containing an abasic unit
has been studied extensively using NMR spectroscopy and time-
resolved fluorescence.11,10 There are three possibilities for the
location of the abasic site and the opposite base: i) both the
abasic site and opposite base are intrahelical and the “gap”
left by the absence of the base is filled by solvent, presumably
water, ii) the abasic sugar moves closer to the opposite base,
which “pinches” the DNA backbone to allow for interactions
with the “orphaned” base and iii) both the abasic sugar and
opposite base are extrahelical and the duplex collapses to fill the
empty space.11e For apyrimidinic sites where the opposite base
is adenine, there have been no structures reported in which the
adenine base is extrahelical. However, in both experimental and
computational studies the extrahelical conformation of the ribose
at the abasic site has been observed.11g,h Base flipping of 2-ap
across from a tetrahydrofuran analog of an abasic site has been
studied using time-resolved fluorescence.10 Open conformations
of 2-ap were observed for sequences in which both adenines and
thymines flank the abasic site analog. Cuniasse et al. studied
the conformations of 5′-CGTGXGTGC-3′/3′-GCACNCACG-5′

where X is the anhydroribitol analog of an abasic site and N is
either G, C or T.11a Only the intrahelical form was observed when
guanine was opposite the abasic site, while a mixture of intra-
and extrahelical conformations were observed when thymine was
opposite the abasic site. Only the extrahelical form was observed
when cytosine was opposite. This result was confirmed by Singh
et al. who found a mixture of intra- and extrahelical conformations
for a thymine base opposite a true abasic site, X, in the sequence 5′-
CGTGXGTGC-3′/3′-GCACTCACG-5′.11b Interestingly, in a dif-
ferent sequence, 5′-CGCACXCACGC-3′/3′-GCGTGTGTGCG-
5′, in which the abasic site is flanked by pyrimidine bases, Coppel
et al. reported that the thymine base opposite the abasic site was
intrahelical.11c The resulting hypothesis was that the flipping of the
ribose at the abasic site and the opposite base are dependent upon
sequence context. In sequences in which the abasic site is flanked
by purine bases the drive for those bases to stack is large and, as
a result, the abasic site and the opposite base are expelled from
the duplex which then contracts to allow for maximum overlap
between the purine bases. In sequences in which the abasic site is

flanked by pyrimidine bases, the drive for those bases to stack is not
as large and the abasic site and the opposite base are not expelled
from the duplex. However, this hypothesis would not explain the
observation of the extrahelical conformation of 2-ap in a sequence
in which the bases to the 5′ and 3′ sides of 2-ap were adenine.

As previously mentioned, we have developed a non-covalent
assay to detect base flipping of thymine bases in free solution.
Since our assay requires both base flipping and binding of the
fluorescent reporter to the flipped-out base, as shown in Fig. 1,
the observed equilibrium constant obtained is a product of the
individual equilibrium constants of the two events. Here, we
report the dissociation constant of the complex formed between
the fluorescent reporter unit and thymine and the application of
that dissociation constant to the determination of equilibrium
constants for base flipping. We have used both thymine and
thymidine monophosphate as well as short single strands of
DNA in which base flipping is not required for binding to occur.
Molecular dynamics (MD) simulations were used to explore the
conformations of the dansyl-cyclen bound to short single strands
of DNA. As a comparison to previously reported data, the
dissociation constant of the guanosine monophosphate–dansyl-
cyclen complex has been determined. Finally, we will discuss the
results of the base flipping assay as applied to duplex DNAs
containing abasic sites in various sequence contexts in order to
study the sequence dependence of base flipping in these systems
using the non-covalent base flipping assay.

Results and discussion

To determine the dissociation constants, three independent titra-
tion experiments of dansyl-cyclen with different DNA sequences
and building blocks were performed for each analyte, as shown
in the respective figure(s). The dissociation constants reported are
the averages (± standard deviation) of the dissociation constants
obtained from the three trials. Each of the data points presented in
the graphs of normalized relative fluorescence versus [analyte], is
the average of ten individual measurements to increase the signal-
to-noise ratio and to reduce error in each individual measurement.
Fitting parameters, including the R2 of the best fit line and
maximum fluorescence, are presented in the ESI.† The errors in
the dissociation constants obtained from the fitting of the data
from one trial to a one-site binding model were between ∼5 and
10% for thymine, thymidine monophosphate, the single strands
of DNA and the duplex DNAs studied. The differences in the
reported dissociation constants from the different trial runs were
between 36% and 57%, corresponding to free energy differences
between measurements of only 0.3 kcal mol−1 or less. Considering
the data averaging discussed above, it can therefore be stated that
the error limit for this method is expected to be sufficiently small
to investigate the sequence dependence of base flipping.

The dissociation constant of the dansyl-cyclen–thymine com-
plex was determined to be 1.04 ± 0.32 lM. The plots of normalized
relative fluorescence versus concentration of DNA and the best-fit
binding curves are shown in Fig. 3. In order to determine whether
phosphate may influence the dissociation constant, thymidine
monophosphate was also subjected to the same analysis, as
shown in Fig. 4. The dissociation constant obtained for the
thymidine monophosphate titration was 1.01 ± 0.30 lM. This
indicates that the included phosphate did not influence the
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Fig. 3 Normalized relative fluorescence emission of 1 lM dansyl-cyclen
in the presence of increasing concentrations of thymine in 100 mM
phosphate buffer, pH 7.0.

dissociation constant of the dansyl-cyclen–thymine complex. The
binding constant of thymidine monophosphate to zinc-cyclen
complexes has been previously determined using potentiometric
pH titrations.9e For unfunctionalized zinc-cyclen complexes, the
reported logK was 3.5 M−1, which corresponds to a dissociation
constant of 3.1 × 10−4 M. For a benzyl-functionalized cyclen
the dissociation constants with deoxythymidine and thymidine
monophosphate were reported to be 6.3 × 10−4 M and 4.0 ×
10−4 M.9c For a zinc-cyclen complex in which one of the secondary
amines has been functionalized with a (4-quinolyl)methyl group,
the dissociation constant was found to be 5.0 × 10−5 M. In
contrast, the dissociation constant obtained using fluorescence
titrations is 1.01 × 10−6 M, which is overestimated by a factor
of ∼200 as compared to the previously determined values. These
differences have to be due to structural features in the dansyl-
cyclen system that are not present in the systems previously
studied. Although the dansylsulfonamide adds sites of potential
interactions with complexed ligands that will be discussed later, the
fact that essentially identical binding constants are obtained for
thymine and thymidine makes this explanation unlikely. We rather
hypothesize that the effect is on the binder itself, presumably due
to the sulfonamide linkage, which restricts the cyclen nitrogen via
sp2 hybridization and changes the conformational behavior the
cyclen ring.

Fig. 4 Normalized relative fluorescence emission of 1 lM dansyl-cyclen
in the presence of increasing concentrations of thymidine monophosphate
in 100 mM phosphate buffer, pH 7.0.

Zinc-cyclen complexes have been previously shown to be
selective for pyrimidine bases.9 A titration was performed with
guanosine monophosphate to determine if this selectivity exists
in our system. The dissociation constant of unfunctionalized
zinc-cyclen to guanosine monophosphate has been reported to
be >0.01 M, while that of a (4-quinolyl)methyl-functionalized
zinc-cyclen to guanosine monophosphate has been reported to
be 4.0 × 10−3 M.9e Using our experimental setup, obtaining
concentrations at which the guanosine–dansyl-cyclen system has
achieved saturation would require the addition of a large volume of
the guanosine monophosphate solution. The data shown in Fig. 5
clearly show that at 28 lM guanosine monophosphate, saturation
has not been achieved. The fit of this data to a one-site binding
model can be used to give an estimate of the dissociation constant,
but because saturation has not been achieved, the reliability of
the data is questionable. The experimentally obtained dissociation
constant is on the order of 100 lM (1 × 10−4 M). The previously
determined dissociation constant of a monofunctionalized zinc-
cyclen monophosphate is an order of magnitude higher than the
dissociation constant obtained using our method. This difference
may be due to the difference in the systems studied. The addition
of a (4-quinolyl)methyl substituent has been found to decrease the
dissociation constant of the complex by an order of magnitude,
consistent with the results obtained here.9

Fig. 5 Normalized relative fluorescence emission of 1 lM dansyl-cyclen
in the presence of increasing concentrations of guanosine monophosphate
in 100 mM phosphate buffer, pH 7.0.

Next, the dissociation constants of the dansyl-cyclen complex
with short single strands of DNA were studied to determine if
the full DNA backbone and the bases flanking thymine have an
effect on binding. The titration curves for the sequences studied,
5′-GGTGG-3′, 5′-AATAA-3′ and 5′-CCTCC-3′, are shown in
Fig. 6. The dissociation constants obtained for the dansyl-cyclen
complexes with 5′-GGTGG-3′, 5′-AATAA-3′ and 5-CCTCC-3′

were found to be 0.81 ± 0.46, 1.44 ± 0.52 and 3.55 ± 1.28 lM,
respectively. The dissociation constants of the dansyl-cyclen
complexes with 5′-AATAA-3′ and 5′-GGTGG-3′, in which the
flanking bases are purines, are ∼2 and 4 times lower, respectively,
than the dissociation constant obtained for 5′-CCTCC-3′, in which
the flanking bases are pyrimidines. This indicates stronger binding
of the dansyl-cyclen to thymines flanked by purine bases, with
the strongest binding observed when those bases are guanine.
Because strong preorganization can be excluded for these short
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Fig. 6 Normalized relative fluorescence emission of 1 lM dansyl-cyclen in the presence of increasing concentrations of (a) 5′-GGTGG-3′,
(b) 5′-AATAA-3′ and (c) 5′-CCTCC-3′, in 100 mM phosphate buffer, pH 7.0.

oligonucleotide strands, the increased binding of the adjacent
guanidine is most likely due to an additional, specific interaction.

In order to more fully understand the possible interactions of
the dansyl-cyclen and thymine and the experimentally observed
differences in the binding of the oligonucleotides, unrestrained
MD simulations were performed on dansyl-cyclen bound to
deprotonated thymines in both 5′-GGTGG-3′, where the flanking
bases are purines, and 5′-CCTCC-3′, where the flanking bases are
pyrimidines. The total simulation time for each sequence was 6 ns.
In the simulation of the dansyl-cyclen bound to 5′-GGTGG-3′,
interactions between the sulfonamide oxygens and hydrogens (H1,
cyclic amino hydrogen, and H22, exocyclic 1◦ amino hydrogen) of
a guanine base were observed after ∼1.2 ns, as shown in Fig. 7.
The distance between the sulfonamide oxygens and the guanine
hydrogens decreases from ∼9 Å at the start of the simulation to
∼2 Å from 1.2 to 3.7 ns and from 3.9 to 5.8 ns. The results of
the simulation show that the interaction is rapidly formed, but
also dissociates at longer simulation times, and indicates that this
interaction is relatively weak, in agreement with the experimentally
observed weak binding differences. Shown in Fig. 8 is a snapshot
of the MD simulation at 4000 ps showing the interaction of the
sulfonamide oxygens of the dansyl-cyclen with a guanine base. The
simulation of dansyl-cyclen bound to the deprotonated thymine
of 5′-CCTCC-3′ did not show any analogous interactions of the
sulfonamide oxygens with the flanking DNA bases. This may
explain the ∼4 fold difference in the experimentally determined
dissociation constants of the dansyl-cyclen to the sequences

Fig. 7 Distances between sulfonamide oxygens of dansyl-cyclen and
guanine hydrogens H1 (solid) and H22 (dashed) of 5′-GGTGG-3′ vs. time
(ps).

Fig. 8 Snapshot at 4000 ps of MD simulation of dansyl-cyclen bound
to deprotonated thymine in 5′-GGTGG-3′ showing the interaction of
sulfonamide oxygens with guanine hydrogens (O3–H1 distance 1.93 Å,
O3–H1–N1 angle 177.1◦, O4–H22 distance 2.15 Å, O4–H22–N2 angle
177.5◦).

in which purine (5′-GGTGG-3′) and pyrimidine (5′-CCTCC-3′)
bases flank the thymine.

Detection of base flipping in a duplex DNA in which an aba-
sic unit is located across from a thymine base using dansyl-cyclen
has been demonstrated previously.5 The sequence dependence of
base flipping in duplex DNAs containing an abasic site was studied
by varying the two bases to both the 5′ and 3′ sides of the abasic
site. The sequences studied are listed in Table 1, with the X =
tetrahydrofuran analog of an abasic site, and the corresponding
thymine marked in bold. The titration curves for duplex G, duplex
C and duplex T are shown in Fig. 9. The average dissociation
constants obtained for the dansyl-cyclen complexes with duplex
G, duplex C and duplex T from the three experiments were found
to be 1.45 ± 0.48, 2.14 ± 0.84 and 1.63 ± 0.26 lM, respectively.
The average dissociation constant for the dansyl-cyclen complex
with duplex A was previously reported to be 0.72 ± 0.25 lM.8
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Table 1 Sequences studied (X = abasic site)

Duplex Sequence

Aa 5′-GCACGAATAAGCAGC-3′

3′-CGTGCTTXTTCGTGC-5′

G 5′-GCACGGGTGGGCAGC-3′

3′-CGTGCCCXCCCGTGC-5′

C 5′-GCACGCCTCCGCAGC-3′

3′-CGTGCGGXGGCGTCG-5′

T 5′-GCACGTTTTTGCAGC-3′

3′-CGTGCAAXAACGTCG-5′

a Previously reported in ref. 8.

Using this data, the equilibrium constants for base flipping of
the thymine base can be calculated. The dissociation constants
reported are a product of the dissociation constant of the
dansyl-cyclen to an extrahelical thymine base and inverse of the
equilibrium constant for the flipping of the thymine base to an
extrahelical position. The choice of the dissociation constant of
the dansyl-cyclen–thymine complex that is used in the calculation
of the equilibrium constant for base flipping becomes therefore
critical for the absolute value of the equilibrium constant for base
flipping. While the relative equilibrium constants (and thus the
sequence dependence of base flipping) should not depend on the
binding constant as long as the interactions remain the same, the
observation of interaction of the dansyl-cyclen with bases adjacent
to thymine in the short single-strands in both the experimental
studies and the MD simulations indicate that this assumption
might not be valid. Although the use of short single-strands of
DNA appeared to be the optimal choice for the determination of
the dissociation constant of the dansyl-cyclen–thymine complex
due to the similarity in environment to duplex DNA, it is not
clear that the results for 5′-GGTGG-3′ discussed above are also
applicable to a duplex where the guanine might stay inside the
duplex. Thus, we checked whether the additional interactions to
a guanine obtained during the 6 ns of MD simulations of dansyl-
cyclen bound to duplex G or other interactions with the DNA
backbone occurred in the larger systems.

The total time of the simulation of the dansyl-cyclen bound
to an extrahelical deprotonated thymine in an undamaged DNA
duplex was 8 ns. A snapshot of the MD simulation at 6 ns, which
is a structure representative of the simulation, is shown in Fig. 10.
Flipping of the extrahelical thymine base back into the helix was
not observed. In the present case, this is due to the definition of

Fig. 10 Snapshot (6 ns) of MD simulation of dansyl-cyclen bound to
5′-GCACGGGTxGGGCAGC-3′/3′-CGTGCCCACCCGTGC-5′ where
Tx represents anionic thymine.

a bond between the deprotonated thymine and the zinc ion which
would prevent base flipping because the bulky dansyl-cyclen would
be impossible to incorporate into the DNA structure. This can be
seen by considering the strength of the zinc–nitrogen bond and
the fact that base flipping is not observed in similar duplexes in
MD simulations on the 10 ns timescale.9,18 Waters included in the
simulation are observed to fill the “hole” in the duplex left by the
extrahelical thymine base, again in analogy to earlier simulations.

During the 8 ns of simulation, no interactions of the dansyl-
cyclen with the backbone of the DNA or guanines were observed.
Although it cannot be excluded that the simulation timescale

Fig. 9 Normalized relative fluorescence emission of 1 lM dansyl-cyclen in the presence of increasing concentrations of (a) duplex G, (b) duplex C and
(c) duplex T, in 100 mM phosphate buffer, pH 7.0.

This journal is © The Royal Society of Chemistry 2008 Org. Biomol. Chem., 2008, 6, 485–492 | 489



Table 2 Summary of experimental data

System Kd/lM

Thymine 1.04 ± 0.32
Thymidine monophosphate 1.01 ± 0.30
Guanosine monophosphate 135.2 ± 61
5′-AATAA-3′ 1.44 ± 0.52
5′-GGTGG-3′ 0.81 ± 0.46
5′-CCTCC-3′ 3.55 ± 1.28
Duplex Aa 0.72 ± 0.25
Duplex G 1.45 ± 0.48
Duplex C 2.14 ± 0.84
Duplex T 1.63 ± 0.26

a Previously reported in ref. 8.

is too short to position a guanine for interaction with the
sulfonamide, we consider this possibility as unlikely because the
interaction energy is small compared to the energy needed to
deform the backbone and disrupt base stacking of the guanine.
Since interactions between the dansyl-cyclen and guanine bases
were only observed in the single-stranded oligonucleotides, the
dissociation constants obtained using single-stranded DNAs may
not be appropriate for use in the determination of base flipping
equilibrium constants. The dissociation constant of the thymine–
dansyl-cyclen complex is larger than the dissociation constant
obtained for the 5′-GGTGG-3′–dansyl-cyclen complex, indicating
that there are interactions present in the latter system not present
in the former. Use of the smaller dissociation constant may lead
to underestimation of the equilibrium constants for base flipping
in abasic DNAs. Therefore, the dissociation constant obtained
for the dansyl-cyclen–thymine complex is best suited to be used
to calculate the equilibrium constants for base flipping in abasic
DNAs.

A summary of the dissociation constants obtained using the
base flipping assay is presented in Table 2. The dissociation con-
stants for the dansyl-cyclen complexes with thymine and thymidine
monophosphate are essentially identical, indicating that there are
no significant differences in the binding in these two systems.
The large dissociation constant estimated from the titration of
guanosine monophosphate demonstrates the selectivity of the
dansyl-cyclen for pyrimidine bases, namely thymine. The trend
in the dissociation constants of the dansyl-cyclen complexes with
the single-stranded DNAs was found to be 5′-CCTCC-3′ > 5′-
AATAA-3′ > 5′-GGTGG-3′. This trend follows the observation
that interactions of the sulfonamide oxygens were observed in
the MD simulation of the dansyl-cyclen bound to 5′-GGTGG-
3′ but not in the simulation of 5′-CCTCC-3′. These interactions
increase the affinity of the dansyl-cyclen for the single-stranded
DNA which, in turn, decreases the dissociation constant. Based
upon the differences in the dissociation constants obtained for 5′-
GGTGG-3′ and 5′-CCTCC-3′, the difference in energy of binding
of dansyl-cyclen has been calculated to be ∼0.9 kcal.

The base flipping equilibrium constant for duplex A calculated
using the binding constant of the dansyl-cyclen–thymine complex
was found to be 1.44, which indicates that there is a 50% higher
concentration of the flipped-out species in solution. The flipped-
out conformation of duplex A is favored by 0.2 kcal, making it the
only one of the four sequence studies here that was found to favor
the flipped-out state. The base flipping equilibrium constants, Kflip,

for the three other duplexes G, C and T were calculated to be 0.70,
0.49 and 0.64. This indicates that the flipped-in conformations
of duplexes G, C and T are favored compared to the flipped-out
conformations by ∼0.2 to 0.4 kcal. The sequence dependence of
base flipping in DNA containing an abasic site analog using the
base flipping assay is therefore duplex A > duplex G ≥ duplex T >

duplex C.
Comparison of the results obtained using the base flipping assay

and previously reported structures of DNA duplexes containing
an abasic site reveals some interesting differences. The results
presented herein indicate that the flipped-out state is more likely
to be detected in sequences in which purines flank the flipping
base, i.e. thymine, leaving pyrimidines to flank the abasic site. This
result is consistent with the observations of Rachovsky et al., who
reported observing the extrahelical conformation of 2-ap using
time-resolved fluorescence when the abasic site was flanked by
adenine and thymine bases.10 However, the population of the
extrahelical conformation was greater when the abasic site was
flanked by adenines than by thymines. This is the reverse sequence
dependence than we observe, opening the intriguing possibility
that the reversal of the base opposite the abasic site (from the
adenine-like 2-ap in ref. 11 to thymine in the present study) leads
to an inversion of the sequence dependence of flipping.

It has been previously reported that in a sequence in which an
abasic site is flanked by guanine bases, the extrahelical conforma-
tion of both thymine and cytosine bases opposite the abasic site
was observed using NMR spectroscopy.11a,11b When the abasic site
is flanked by cytosine bases, only the intrahelical conformation
of a thymine base opposite the abasic site was observed. These
observations led to the interesting hypothesis that the favorable
base-stacking interactions of the purine bases flanking the abasic
site drive the conformational equilibrium toward the extrahelical
conformation. The base opposite the abasic site is forced out of
the helix and the duplex then collapses to fill the unoccupied space,
allowing the flanking purine bases to stack. Using the base flipping
assay described in this report, however, the opposite is observed.
The largest values for Kflip were observed for duplexes A and G in
which pyrimidine bases flank the abasic site. The Kflip for duplex
T was found to be approximately equal to that of duplex G. In
addition, the MD simulations do not provide evidence for such a
collapse of the duplex. Rather, the hole created by flipping of the
thymine is filled with water molecules and the overall structure of
the duplex is maintained. However, the differences in the model
systems studied here and in ref. 11 are large enough that other
explanations are possible.

Conclusions

The sequence dependence of base flipping in DNA containing an
abasic site has been studied using a previously developed, non-
covalent assay with a fluorescent readout. The dissociation con-
stant of the dansyl-cyclen complex with thymine was determined to
be approximately 1 lM. The dissociation constants of the dansyl-
cyclen complexes with thymine and thymidine monophosphate
are essentially identical, indicating that the added phosphate
backbone did not affect binding. The dissociation constant of
the dansyl-cyclen–thymine complex can be used to calculate the
base flipping equilibrium constants, Kflip, for the four different
duplex DNAs used in this study. The dissociation constants of
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dansyl-cyclen complexes with single strands of DNA, which were
originally intended for this purpose, are a less reliable model.
This is due to additional interactions of the dansyl-cyclen with
DNA bases adjacent to thymine that were observed during MD
simulations of these systems as well as in the experimentally
observed binding constants, which may affect the dissociation
constants of these systems.

The base flipping equilibrium constants for duplex A, duplex
G, duplex C and duplex T were found to be 1.44, 0.70, 0.49
and 0.64, indicating that of the four sequences studied only
duplex A was found to favor the flipped-out state. The energy
differences between the flipped-out conformations of all four
sequences studied are small, between 0.4 and 0.6 kcal, but the
trends are readily discernible using the assay employed here.
The differences between this work using native abasic DNA
and a noncovalent probe and previous studies of base flipping
using time-resolved fluorescence of covalently modified DNA may
indicate a difference in the energetics of base flipping in the two
types of systems that reflect the subtle effects on DNA dynamics
and warrant further study. The combination of experimental and
computational methods used here is a promising approach to
elucidate these subtle effects.

Experimental

Thymine and thymidine monophosphate were purchased from
Sigma Chemical Co., guanosine monophosphate from VWR In-
ternational, all DNA strands from Integrated DNA Technologies,
and were used as received. All fluorescence spectra were recorded
on a Jobin-Yvon Fluoromax-3 spectrometer in a 10 × 4 mm,
1.6 mL quartz cell (Starna Cells, Atascadero, CA). The slit width
was 5 nm and the integration time was 0.5 s. The temperature was
regulated using an external water bath. The excitation wavelength
used for all experiments was 335 nm. Duplex DNA was prepared
by mixing equal concentrations of complementary single strands
(500 lM in 100 mM phosphate buffer, pH 7.0 with 50 mM NaCl)
and heating to 95 ◦C for 5 min in a water bath. The solutions
were then allowed to slowly cool to room temperature. All DNA
stock solutions were stored in a −20 ◦C freezer when not in use.
The synthesis of the fluorescent reporter, dansyl-cyclen, and the
development of the base flipping assay was previously reported.8

The maximum difference in the fluorescence emission for
duplex DNAs containing an abasic site and native DNA was
previously determined to be 533 nm.8 For thymine, thymidine
monophosphate, guanosine monophosphate, 5′-AATAA-3′, 5′-
CCTCC-3′ and 5′-GGTGG-3′, the fluorescence emission was
monitored at 500 nm (see ESI†). The assay was performed as
follows: To a 1 lM solution of dansyl-cyclen was titrated 17
additions of 0.5 lL of a 250 lM solution of the compound of
interest and 13 additions of 4 lL of the same solution. The
fluorescence emission of the titrations was monitored at the
maximum difference wavelength and each data point is the average
of ten repeated measurements, each with a standard error of either
<0.15% (duplex DNA, ssDNA) or <0.25% (thymine, thymidine
monophosphate, guanosine monophosphate). All experiments
were performed in 100 mM phosphate buffer, pH 7.0, at 25 ◦C. The
data were fit using a one-site binding model as provided in Origin
6.1.12 The error bars shown are the 95% confidence interval for
each of the measurements. Three trials were performed for each

compound, as shown in the text, and the average dissociation
constants (± standard deviation) are reported.

Computational details

All molecular dynamics simulations were performed using the
Amber 9 suite of programs using the Cornell et al. force field
with the adjustments added by Wang et al. and the general Amber
force field (gaff).13 The DNA structures, as well as the dansyl-
cyclen, were prepared using Insight II.14 The starting structures
for the single-stranded DNA simulations were identical except for
the replacement of the appropriate bases. Using Gaussian03, the
optimized geometry and charges for the deprotonated thymine
bound to the dansyl-cyclen, both at the B3LYP/6-31G* level of
theory, were calculated.15 The antechamber module of Amber was
then used to perform two-stage restrained electrostatic potential
(RESP) fitting to obtain the charges for the new residue.16 The
anionic thymine and the zinc ion were assigned AMBER atom
types; the cyclen ring and the dansyl moiety were assigned general
Amber force field (gaff) atom types (see ESI† for full listings of
charges and atom types). The systems were neutralized using Na+

counterions and solvated using the TIP3P water model as provided
in xleap. The solvent box extended 8 Å beyond the DNA structure
in each direction. The final systems, 5′-GGTGG-3′, 5′-CCTCC-
3′ and duplex DNA, consisted of 4000, 4189 and 20 545 atoms
including 1258, 1325 and 6503 water molecules and 4, 4 and 28
sodium ions, respectively. The systems were minimized for 60 000
steps, first with restraints placed on the DNA heavy atoms to allow
the water box and hydrogen atoms to equilibrate. A second round
of minimization with no restraints was performed. The minimized
system was then equilibrated in the constant volume, isothermal
(NVT) ensemble for 20 ps with restraints of 10 kcal mol−1 Å−2 on
the DNA. The system was then heated to the final temperature
of 300 K over 100 ps in the constant pressure, isothermal (NPT)
ensemble. Isotropic position scaling with a relaxation time of 2 ps
was used to maintain a pressure of 1 atm and Langevin dynamics
with a collision frequency of 1.0 ps−1 was used to maintain the
temperature at 300 K. All calculations used SHAKE to constrain
covalent bonds to hydrogen, which allowed the use of a 0.002 ps
time step. Long-range electrostatic interactions were treated using
PME with long-range cutoffs of 10 Å applied to the Lennard-
Jones interactions.17 Periodic boundary conditions were used in all
calculations. All simulations were analyzed using the ptraj module
of Amber.
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